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The activation of the membrane-bound ATP hydrolase by the electrochemical proton gradient A/in+ was 
studied with dithiothreitol-treated, dark-adapted lettuce thylakoids. After reactivation, carried out at differ- 
ent light intensities, hydrolysis of ATP or GTP was measured upon fast membrane deenergization and 
substrate addition. The following results were obtained. (I) The initial rate of ATP hydrolysis depends on 
both the ApH attained during the light-reactivation stage and on the external pH (ApH was measured by the 
9-aminoacridine technique, A~/, being collapsed by valinomycin). (2) When bexylamine is present the initial 
rate of ATP hydrolysis, as that of GTP  hydrolysis measured in the presence of 50 I~M GDP, only depends 
on the ApH. (3) ADP addition is able to inhibit a fraction of the ATPases within less than a few seconds. 
The affinity for the inhibitor is increased if ADP is added I0 s after complete membrane deenergization. 
From the results obtained, with either ATP or GTP in delocalized conditions (hexylamine present), it is 
proposed that the number of active thiol-reduced ATPases is a simple function of the A pH, independent of 
the external pH. The results without hexylamine are interpreted as being due to an incomplete delocalization 
of the proton gradient. The mechanistic implications of this ApH-activation are discussed. The rapid 
deactivation of only a fraction of active ATPases by ADP binding, and more especially the decrease in 
affinity for this inhibitor by ApH, suggests the existence of different active states which are discriminated by 
their deactivation and not their catalytic properties. 

Abbreviations: CF, chloroplast coupling factor; CF o and CF 1, 
membrane sector and catalytic moiety of the chloroplast cou- 
pling factor; A/ill+, transmembrane difference of electrochem- 
ical potential of H+; ApH, transmembrane pH difference; 
Aft', transmembrane electrical potential difference; NDP, 
nucleotide diphosphate; NTP, nucleotide triphosphate; DTT, 
dithiothreitol; PS I, Photosystem I; HPLC, high-performance 
liquid chromatography; Chl, chlorophyll; Tricine, N-[2-hy- 
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Introduction 

When thylakoids isolated from dark-adapted 
leaves are illuminated, the membrane-bound chlo- 
roplast ATPase (CF0-CF 1) catalyses ATP synthesis 
as predicted by the chemiosmotic theory [1]. How- 
ever, only slight [2-4] or no net ATP hydrolysis 
can be observed unless the membranes have been 
incubated in the presence of thiol reductants [5-7] 
or products such as trypsin [8] or methanol [9]. 

To explain this apparent irreversibility of the 
enzyme, a working hypothesis has been developed 
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[10,11] which invokes activation processes: the 
electrochemical potential difference of protons 
(A/2n+) generated across the membrane by light- 
driven electron transport or pH jumps is thought 
to play two roles in ATPase functioning. Besides 
its driving-force effect, providing the coupling fac- 
tor with the free energy required for net ATP 
synthesis, the A/2H+ is also needed to convert the 
inactive form, which exists under deenergized con- 
ditions, into an active one. 

Consequently, the simplest way to account for 
the lack of observed ATP hydrolysis can be sum- 
marized as follows: a high A~n+ which enables 
ATP hydrolase activation, thermodynamically 
favours ATP synthesis rather than hydrolysis, 
while a lower A/ill+ is not sufficient to maintain 
the enzyme in an activated state [7,11]. 

It is now widely accepted and experimentally 
demonstrated, that the indispensable presence of 
thiol reactants during light triggering of ATPases 
is explained by the fact that the reduction of 
certain disulfide bonds of the "y-subunit [12-14] 
lowers the magnitude of the A/2H+ required for 
activation [15,16]. This thiol modification of the 
enzyme seems to mimic the physiological system 
which prevents in vivo ATP hydrolysis by CF0-CF 1 
in the dark [17,18]. 

Moreover, the nucleotides which are tightly 
bound to the coupling factor and exchanged only 
upon energization [19-21] are also thought to be 
involved in the regulation process (for reviews, see 
Refs. 22 and 23). On the one hand, the conversion 
of a latent form to an active enzyme was shown to 
be linked to the release of bound ADP [2,24], 
related to conformational changes [24]. On the 
other hand, correlations have been established be- 
tween the rebinding of ADP to the 'tight sites' 
and the dark decay of the light-triggered CF 1 
activity [25-27]. 

Regardless of the redox state of the enzyme, the 
primary processes of ApH-activation, although 
disputed, have been proposed to involve acid-base 
reactions on the two poles of the membrane-bound 
enzyme [11,28,29]. More precisely, the activation 
mechanism would imply protonation of the inter- 
nal pole of the enzyme. Whether deprotonation of 
the low potential pole is necessary [11,28] or not 
[29], is still disputed. In the case where the proto- 
nation and deprotonation of the opposite poles 

are necessary and strictly coupled events, as pro- 
posed in Ref. 11 and suggested for a particular 
case in Ref. 28, the fraction of active ATPases 
would depend only on ApH, regardless of the 
external pH. With non-thiol-modulated thylakoids 
it has been recently shown [30], as already sug- 
gested [31], that the rate of ATP synthesis directly 
represents the extent of coupling factor activation 
by ApH. Furthermore, arguments have been de- 
veloped to clarify discrepancies in the literature 
with regards to the involvement of the external pH 
in ATPase activation [32-36]. We have confirmed 
[30] the previous reports [32-34] that the amount 
of active ATP synthases is ApH dependent, irre- 
spective of the external pH, in accordance with a 
strictly coupled model. 

This study concerns the ATP hydrolase activa- 
tion using thiol-treated thylakoids. Correlations 
between the hydrolysis rate and A pH have been 
established, as for ATP synthases, in order to 
check the concerted nature of the acid-base reac- 
tions invoked by theoretical schemes. Experiments 
were carried out either with the natural substrate 
ATP or with GTP [37] in order to avoid inhibition 
of the enzyme by newly synthesized ADP (GDP 
being known to be a poor inhibitor [38]). Further- 
more, in some cases, ApH was artificially delocal- 
ized by hexylamine. We have also studied the 
effects of ADP inhibition on the initial rates of 
hydrolysis and on the decay of ATPase activity. 

Materials and Methods 

Thylakoids were prepared as in Ref. 39 and 
stored on ice and in darkness in a medium con- 
taining 2 mM Tricine, 50 mM KCI, 0.5 mM 
K2HPO 4 (pH 8.2) at 500 ~tM or 1000 rtM chloro- 
phyll. NTP hydrolysis and ApH were simulta- 
neously assayed in a set-up described elsewhere 
[40]. 

Estimation of ApH. ApH was estimated by the 
light-induced quenching of the 9-aminoacridine 
fluorescence using the classical model [41]: 

A pH = Iog(~-~o" -- 1) + log(1 + 10Pr~-Pr) + log'-~ (1) 

where F "  is the fluorescence of the 9-aminoacri- 
dine in the dark (non-energized conditions), F ° 



the fluorescence level under illumination, lie the 
external volume and V~ the internal volume of the 
thylakoids, pK is that of 9-aminoacridine (=  10) 
and pH refers to the external medium. 

Since the determination of the internal volume 
V~ is practically difficult, the ApH values are 
qualitative and allow only comparisons at identi- 
cal ApH. Therefore, the volume contribution was 
suppressed and the following simplified expres- 
sion was used, where log R is linearly related to 
ApH unless V i is varied: 

(2) 

We have recently shown with untreated 
thylakoids [30] that the 9-aminoacridine response 
was modified by the external pH due to changes 
in the osmotic volume. In order to account for this 
effect, a corrective factor must be subtracted from 
the log R values calculated at pH 8.5. This is also 
required for thiol-modulated material, where the 
factor differs only slightly with respect to the 
non-thiol-modulated system; the corrections are 
discussed in the Results section. 

Hydrolysis-rate measurements. The NTP hydrol- 
ysis rates were deduced from the scalar proton 
production, measured with a glass electrode as in 
Ref. 42. Unless otherwise indicated, light reactiva- 
tion and hydrolysis steps were carried out at 20 ° C 
with thiol-modulated thylakoids at 30 ~tM chloro- 
phyll, in the same medium containing 1 or 2 mM 
Tricine, 50 mM KC1, 5 mM MgC12, 0.5 mM 
K2HPO 4, 50 nM valinomycin (to cancel Aq,), 50 
~M pyocyanine, and 4 ~tM 9-aminoacridine. In 
each type of experiment the sample was adjusted 
to the required pH a few minutes before the 
measurement. 

After different light-activation times, the back- 
pressure effect of the ApH was suppressed by 
switching off the light and complete discharging 
of the membrane with 2 ~tM nigericin, the rates of 
NTP hydrolysis were measured immediately after- 
wards. More precisely, as the scalar proton pro- 
duction can be fitted by first-order kinetics, the 
initial rate was extrapolated, because of the dis- 
turbing of the pH monitoring by the vectorial 
proton release and mixing during the first five 
seconds. The time response of the glass electrode, 
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estimated by HCI injections, was 2 s for external 
pH variations equivalent to those found during 
hydrolysis assays. 

ATP (500 ~tM) or GTP (1 mM) was injected 
concomitantly with nigericin at light extinction 
unless otherwise indicated. When added, ADP 
and GDP were mixed with the corresponding tri- 
phosphate nucleotide. In all cases the nucleotides 
were adjusted to the required pH before injection 
in order to minimize problems linked to external 
pH shifts. However, in certain cases such artefacts 
could not be fully avoided and they were sub- 
tracted from the scalar proton production record- 
ing. 

In order to prevent spontaneous hydrolysis of 
GTP, the GTP + GDP mixture was frozen after 
pH adjustment and thawed a few minutes before 
addition of nigericin and injection into the cuvette. 

Modulated chloroplast preparation. In the initial 
experiments, chloroplasts were illuminated for 5 
rain in strong light in the assay medium (pH 8.3) 
to which 20 mM DTT was added. After 4 rain of 
darkness the pH was shifted to 8.0 or 8.5, 9- 
aminoacridine was added at 4 ttM and the experi- 
ment carried out. 

Premodulated chloroplasts were prepared 
according to a protocol adapted from Ref. 43. 
Thylakoids (60 rtM chlorophyll) in 10 mM Tri- 
cine-KOH, 50 mM KCI, 5 mM MgC12, 1 mM 
K2HPO 4, 50 ~tM pyocyanine, 20 mM DTT (pH 
8.3) were illuminated using strong light for 5 rain. 
After turning off the light, they were diluted five- 
fold in the same medium except that MgC12 and 
DTT were omitted. The thylakoids were diluted to 
1000 ~M Chl in 1 mM Tricine-KOH, 50 mM KC1, 
0.5 mM K2HPO 4, 4 mM DTT (pH 8.3) and 
stored on ice and in darkness. Chlorophyll was 
assayed by the method of Arnon [44]. 

ADP (sodium salt, ref A 2754) and ATP (dis- 
odium salt, ref A 5394) were purchased from 
Sigma; GTP (sodium salt, ref. 2431) was obtained 
from Serva and GDP (dilithium salt) from Boeh- 
ringer. 

Results 

Characterization of premodulated thylakoids 
It is now well accepted [15,16] that thiol mod- 

ulation lowers the ApH requirement for ATP hy- 
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drolase activation. A combination of transitions 
induced by ApH and DTT leads to the following 
four forms of the enzyme as reported in Refs. 43 
and 45. 

• ApH DTT ApH 
E~x ~ Eoax ~ Eracd ~--- Eir~ (3) 

where ox and red refer to the oxidized and reduced 
states, respectively; a and i to active and inactive 
conformations. The transition between E~  and 
Eirea is very slow [45] and is not indicated here. 

Simple consideration of this model emphasizes 
the complexity of such a system in the establish- 
ment of relationships between the amount of ac- 
tive ATPase and A pH. The ATP hydrolase needs 

uncoupled conditions to work at a maximal 
turnover rate, while the oxidized state Eo~ decays 
rapidly to Eix in the absence of energization [11]. 
Therefore, only the slow equilibrium between 
reduced forms occurring in tens of seconds [29,40] 
must be considered to study ApH activation of 
ATP hydrolases. 

In a first set of experiments, thiol modulation 
and ATP hydrolysis were carried out in the pres- 
ence of DTT. The two-step procedure used to 
obtain a population of reduced, deactivated, light 
reactivable ATPase presented two difficulties: 
firstly, varying the A pH amplitude during light 
reactivation to build 'flow-force curves' was likely 
to modify the total amount of reduced enzyme, 
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Fig. 1. Typical recording of 9-aminoacridine fluorescence and extemal pH changes and their significance. Conditions as in Materials 
and Methods. Reactivation times between 30 and 420 s. (a) Fluorescence of 9-aminoacridine. F e, F° :  dark and light fluorescence 
levels used in calculations (Eqns. 1 and 2). The incomplete recovery of the dark fluorescence level upon deenergization is due to 
nucleotide quenching. (b) External pH change converted to proton uptake or release according to the buffer power of the suspension. 
The rapid proton uptake at the dark-to-light transition is a vectorial proton pumping. An equivalent proton release is observed when 
the light is turned off and nigericin added. The following acidification is due to NTP hydrolysis• The corresponding part of the curve 
was digitized, then fitted with an exponential decay superimposed on a linear drift, using a least-squares iterative method. The slope 
of the computed asymptote (dashed line) accounts for the slow drift of the glass electrode signal. This baseline was subtracted from 
the total signal to obtain the semi-log plots in (c). pH changes due to nucleotide injection were measured without chloroplasts and 
subtracted if necessary before any calculation. (c) Three semi-log plots of NTP consumption after 120 s reactivation at different light 
intensities. [NTP], instantaneous concentration of nucleotide triphosphate. [NTP]e q, 'equilibrium' concentration of nucleotide 
triphosphate, i.e., at the end of the ATPase decay. Kinetic constants are indicated on the plots. The initial amplitudes give the 
amount of NTP hydrolysed during the total decay of activity. The initial rate is the product of the amplitude by the kinetic constant. 



and secondly, noisy recordings were obtained due 
to a DTT effect on the glass electrode. 

Therefore, premodulated thylakoids were pre- 
pared from an adapted protocol of Bakker- 
Grunwald and Van Dam [43]. With this type of 
thiol-pretreated material, hydrolysis of nucleotide 
triphosphates could be carried out in the absence 
of DTT. However, the latter was necessary in the 
storage medium at a low concentration to mini- 
mize the reoxidation of the reduced deactivated 
enzymes (Eired ~ Eix) during the 4-5  hours re- 
quired to carry out an experiment. A pH of 8.3 
was chosen for storage conditions in accordance 
with the results presented in Ref. 40. 

The residual DTT concentration in the cuvette 
during the reactivation step and ATP hydrolysis 
measurements was only 240 riM. Thus, the system 
was reduced to: 

A p H  . 
a. a. l Eox *-  E~,~l ~ Er~ I (4) 

Fig. 1 shows a typical recording which was 
obtained under these conditions. After reactiva- 
tion, the light was turned off and a mixture of 
ATP and nigericin was added. Dark-deactivation 
of the reduced enzyme was monitored by the 
decay of the scalar H + production. The fitting by 
first-order kinetics allowed the extrapolation of 
the initial rate. When thylakoids were modulated 
in the cuvette, the hydrolysis assay was exactly the 
same, except for the presence of DTT. Fig. lc  
shows the results of three measurements made at 
different light intensities. 

Fig. 2 shows initial rates of ATP hydrolysis 
measured as in Fig. 1, except that the time of 
reactivation in strong light was varied between 30 
and 420 s. At pH 8.0 there was only a slow loss of 
activity while there was no loss at pH 8.5. This 
means that the light-reoxidation of the active re- 
duced state (E~d to a can Eox) be neglected in our 
conditions. Thus we measure only the transition 
between inactive and active reduced states: 

A p H  . 
a i 

E r e  d ~--- E r e  d ( 5 )  

The lack of any significant reoxidation allows 
us to choose reactivation times longer than those 
generally used in the literature [16,29] and  thus a 
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Fig. 2. Initial rate of  uncoupled ATP hydrolysis as a function 
of the light-reactivation time in strong light. Thiol-treated 
chloroplasts were assayed in a DTT-free medium. No  hexyla- 
mine was present. The activities were normalized to those 
obtained after 30 s of il lumination (red light, 800 W - m - 2  ). (a) 
pH 8.0; (b) pH 8.5. Maximal activities at pH 8.0 are approx. 

122 mATP per Chl per s. 

real equilibrium may be attained, even for a low 
ApH, between the active and inactive reduced 
forms (Er~ d and i Ereo). Indeed, Fig. 3 presents two 
types of experiment which show that the equi- 
librium is reached for short times of light activa- 
tion even in the presence of a very low ApH, i.e., 
for a log R much smaller than these used in the 
following figures. Fig. 3a and b deal with the 
reactivation of the ATPase activity with thylakoids 
thiol-modulated in the cuvette at pH 8.2. After a 
complete dark deactivation in uncoupled condi- 
tions (see Fig. 1), checked by a nil hydrolysis rate, 
the thylakoids were reilluminated in strong light. 
The external pH changes (a) and the instanta- 
neous rate of H + appearance (b), plotted versus 
time, show that a steady-state rate of hydrolysis 
was reached during the first 30 s, while log R was 
less than - 1.6. 

Since the ATPase activation may depend on the 
presence of ATP [46] and also whether ApH was 
lowered by light intensity or uncoupler concentra- 
tion [39,47] we have also studied the ATP hydro- 
lase activation at a very low light intensity. Fig. 3c 
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Fig. 3. Rate of ATP hydrolase activation by a very low ApH. (a) External proton uptake and production as a function of the 
reactivation time after a complete deactivation in the absence of hexylamine. Conditions as in Fig. 1, except that thylakoids were 
thiol-modulated in strong light, in the cuvette, at pH 8.2. The H + uptake or release when the light is turned on ( $ ) or off ( ~ ) reflects 
transmembrane proton flow due to very low ApH. The slope corresponds to ATP hydrolysis. (b) Instantaneous rate of H ÷ 
appearance as a function of reactivation time, obtained from the first derivative of curve (a). (c) Initial rate of uncoupled ATP 
hydrolysis as a function of the activation time in low light. Conditions as in Fig. 2, except that hexylamine was present at 200 ~tM 
and light intensity was approx. 2 W - m  -2. (m) pH 8.0; (11) pH 8.5. Activity normalized at those obtained at 180 s (pH 8.0: approx. 2.5 

mATP per Chl per s; pH 8.5: approx. 4 mATP per Chl per s). 

shows the evolution of initial rate of ATP hydroly- 
sis as in Fig. 2, except that reactivation was per- 
formed in low light. At pH 8.5, it is obvious that 
the maximum rate (around 4 mATP per Chl per s) 
was attained in less than 100 s, while log R was 
around -1 .4 .  At pH 8.0, despite the scattering of 
the data due to very low activities (around 2.5 
mATP per Chl per s, close to the limit of resolu- 
tion), this result seems to be confirmed. Thus 120 
s is a long enough activation time to reach the Eired 
tO Er~ equilibrium and is used in the following 
experiments. 

A TP hydrolysis rate as a function of ApH amplitude 
and external pH 

In order to investigate the respective role of 
ApH and external pH in the activation processes 
of NTP hydrolases, the same type of experiments 
were performed as for NTP synthases: the ATP 
hydrolase activation, i.e., changes in the per- 
centage of active enzymes, was studied at two 
external pH's through the evolution of ATP hy- 
drolysis rates as a function of ApH. 

Such a comparison between the flow-force 

curves at two external pH's required a correction 
of the 9-aminoacridine response, due to an exter- 
nal pH effect. We have previously shown [30] that 
with lettuce chloroplasts at pH 8.5, the ApH was 

(~) untreated ~+0. 4 -0.2 

-0.6 

j "  10; 

, , , , t - 0 " 4 -  

- 0 . 4 - 0 . 2  0 +0.2 
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Fig. 4. Light-induced 9-aminoacridine fluorescence quenching 
at pH 8.5 versus quenching at pH 8.0. The quenching is 
expressed by log R as defined in Eqn. 2. ApH was varied by 
light intensity. Each point represents two measurements made 
at pH 8.0 and 8.5, but at the same light intensity. Straight lines 
are those obtained by linear least-squares regression. (a) Un- 
treated thylakoids. Slope: 1.01, intercept:+0.15. (b) DTT- 

treated thylakoids. Slope: 1.01, intercept: +0.18. 
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Fig. 5. Uncoupled rate of ATP hydrolysis as a function of ApH during the reactivation stage and at two external pH's.  Conditions 
indicated in Materials and Methods. No hexylamine. Time of reactivation: 120 s. ApH, varied by light intensity, is expressed by 
log R,  from which 0.18 was subtracted for values obtained at pH 8.5. (a) pH 8.0; (b) pH 8.5. Data were collected from four 
experiments carried out on different chloroplast preparations and normalized as follows: for each of the experiments, the relationship 
between ATPase activity and log R was smoothed by a polynome to obtain a value of hydrolysis at log R = 0. Then, the initial 
experimental rates were divided by the interpolated value. Closed symbols (m): DTT-pretreated material assayed in DTT-free 
medium. Open symbols (D): material reduced by DTT in the cuvette. (c) Ratio between the rates of ATP hydrolysis at pH 8.5 and 
8.0. The rates are interpolated at log R = 0 for both pH's.  Experiment 1 (hatched rectangle) was carried out  with material reduced by 
DTT in the assay medium, others with DTT-premodulated material. Absolute activities at log R = 0 between 40 and 80 mATP per 

Chl per s at pH 8.0. 

overestimated by approx.+ 0.15 with respect to 
pH 8.0, probably due to an increase in the 
thylakoid volume. Since steady-state ApH does 
not depend on external pH [48], at least for low 
light intensities [30,32], it is easy to compare the 
9-aminoacridine response at identical ApH's but 
at different external pH's. These results are pre- 
sented in Fig. 4a, and confirm that with non- 
treated thylakoids, the ApH is indeed overesti- 
mated by +0.15 at pH 8.5 with respect to pH 8.0. 
With thiol-modulated material the correction fac- 
tor becomes + 0.18 (Fig. 4b) and was found repro- 
ducible for different lettuce chloroplast prepara- 
tions. Therefore, the parameter log R was cor- 
rected by subtracting 0.18 at pH 8.5 in all of the 
following figures, thus providing a direct compari- 
son between activation levels at pH 8.0 and 8.5 at 
a given ApH. 

Fig. 5 presents flow-force curves performed by 
measuring initial hydrolysis rates as a function of 
ApH at two external pH's  (8.0 and 8.5). As em- 
phasized recently by Junesh and Gr~iber [49], dif- 
ferences between activities measured per chloro- 
phyll were observed, depending on thylakoid pre- 

paration, probably due to variations in CF1/chlo- 
rophyll ratio. Therefore, the initial extrapolated 
rates collected from four separate experiments 
were normalized to an arbitrary ApH fixed at log 
R = 0. From Fig. 5a and b, it is obvious that the 
activation process is less sensitive to a ApH de- 
crease at pH 8.5 than 8.0, at least for log R values 
lower than zero. This observation is in close agree- 
ment with Refs. 40 and 50. Incidently, this quali- 
tative result is not modified by the presence of 
DTT in the assay medium. 

The hydrolysis rate measured at a given ApH 
and external pH represents the amount of active 
CF l multiplied by their turnover rate, the latter 
depending only on the external pH due to the 
uncoupled conditions. Since the rate ratio between 
pH 8.0 and 8.5 is not constant over all the ApH 
range investigated, we initially concluded that the 
acid-base events leading to activation depended 
upon both ApH and external pH. Moreover, the 
merged aspect of the two curves beyond log R = 0 
suggests that in this A pH range, the number of 
active enzymes is identical at the two pH's. Thus, 
an apparent ratio of the respective turnover rates 
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Fig. 6. Uncoupled rate o f  ATP hydrolysis as a function o f  A D P  addit ion. Thiol-pretreated thylakoids reactivated in strong light; t ime 
of  reactivation: 90 s. N o  hexylamine was present. Hydrolysis rates were normalized to that obtained at [ADP] = 0. A D P  and ATP 
injected concomitant ly with nigericin at l ight ext inct ion (a); 10 s after uncoupl ing (b). The data f i t ted by an hyperbol ic law, gave (a): 
K i = 30 FM,  asymptote = 0.29; (b): K i = 1 I~M, asymptote = 0.034 (asymptotes are indicated with dashed lines). Absolute activities 
without added ADP: (a) 75-95 m ATP per Chl per s; (b) 90-120 m ATP per Chl per s. Different preparations in (a) and (b). 

between pH 8.5 and pH 8.0 can be calculated 
from the reaction rates ratio r = V8.5/I/8. 0 at log R 
= 0. The results are depicted in Fig. 5c. The 
average ratio calculated from the four experiments 
is 1.2. Given the scattering of the values, it would 
be unwise to consider that the ratio obtained in 
the presence of DTT, is significantly higher than 
in the absence of DTT. 

At variance with the data of Fig. 5 concerning 
thiol-reduced ATP hydrolases, it has been previ- 
ously shown that the primary processes of the 
ApH-activation of oxidized ATP synthases are 
only ApH dependent [30,32-34]. Therefore, we 
wondered whether an eventual effect of newly 
synthesized ADP or an incomplete delocalization 
of the ApH could have affected the results. ADP 
being well known for its inhibitor effect on the 
ATP hydrolase, this point was the first to be 
checked. 

Fast binding of externally added ADP 
Since newly synthesized ADP is one of the 

hydrolysis products, it was suspected of inhibiting 
a given amount of active enzymes. This inhibition 
is believed to arise from ADP binding onto a 
so-called regulator site on oxidized [26,27,51,52] or 
reduced [2,3,53] ATPases. These processes have K i 
values in the micromolar range [25,26,51,52]. 
Therefore, we have checked this inhibition at low 
ADP concentrations in the presence of ATP under 

uncoupled conditions. The results are presented in 
Fig. 6. 

It can be seen in Fig. 6a, that the initial ex- 
trapolated rate of ATP hydrolysis decreases with 
increasing concentrations of ADP injected in the 
cuvette when the light was turned off. The fitting 
by a hyperbolic regression gives an apparent in- 
hibition constant (K  i of 30 I~M and a residual 
activity of 29%, i.e., maximal inhibition 71% at 
infinite inhibitor concentration). This inhibitory 
effect is more pronounced if the ADP + ATP mix- 
ture is injected 10 s after deenergization (Fig. 6b). 
In this case, the apparent K i decreases from 30 
I~M to 1 I~M and the residual activity is reduced 
from 30% to 3.4% (i.e., maximal inhibition more 
than 95%). Furthermore, it is found that beyond 
50 I~M ADP, the inhibition increases only slightly 
with further ADP addition (Fig. 6a and b). 

These results show that ADP added to the 
external medium can inhibit the enzyme in a time 
range which is beyond our resolution (i.e., a few 
seconds). Similarly, ADP newly synthesized or 
present in ATP probably inhibits some active en- 
zymes, even if this effect is limited in the absence 
of prior deenergization (Fig. 6a). We have thus 
tried to remove ADP by using the ATP-regener- 
ating system: pyruvate kinase, lacticodehydrogen- 
ase + phosphoenolpyruvate and NADH, the reac- 
tion being monitored by the disappearance of 
N A D H  instead of pH metric measurements. This 
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Fig. 7. Uncoupled rate of GTP hydrolysis as a function of A pH during the reactivation stage at two external pH’s with hexylamine. 

Conditions as in Fig. 5, except that GTP was injected instead of ATP with nigericin and 50 gM GDP and in the presence of 200 pM 

hexylamine. Data were also collected from four experiments and normalized as in Fig. 4. (a): pH 8.0; (b): pH 8.5. (c): ratio between 

the rates of GTP hydrolysis at pH 8.5 and 8.0, each interpolated at log R = 0. Absolute activities at log R = 0 between 30 anti60 

mGTP per Chl per s at pH 8.0. 

did not work for two main reasons. (1) The spec- 
troscopic detection of NADH (fluorescence or 
absorbance) greatly interfered with that of 9- 
aminoacridine. (2) This coupled enzymatic system, 
which was kinetically limiting even at high en- 
zymes concentrations, did not allow extrapolation 
of initial activities. Indeed, in similar experimental 
conditions, the rates generally measured with this 

technique represented only 10% of our maximal 
activities [54]. 

GTP hydrolysis rates as a function of ApH and 

external pH with hexylamine 

In order to avoid the disruptive effect of endog- 
enous or newly synthesized ADP in the establish- 
ment of flow-force curves, we have used GTP as 
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the substrate, since GDP is known to be a poor 
inhibitor [38]. First of all, the effects of the 
nucleotide diphosphate on hydrolysis rate were 
checked by experiments similar to those presented 
in Fig. 6a for ADP. When GTP hydrolysis was 
measured at different concentrations of GDP, ad- 
ded at the time of uncoupling, similar phenomena 
were observed, except that beyond 50 ~tM GDP 
the inhibition level was much lower (20-30%) 
when compared with beyond 50 ~tM ADP. This 
inhibition by GDP, which is more important than 
previously reported [38], cannot be due to ADP 
contamination, since the ADP content of the GDP 
solutions was estimated, by HPLC, to be 0.5% at a 
maximum. Therefore, correlations between the 
amount of active GTPases and ApH were per- 
formed in the presence of 50 /~M GDP, a con- 
centration beyond which the residual activity re- 
mains almost constant. Further precautions were 
taken by delocalizing the proton gradient by the 
addition of 200 ~M hexylamine [47]. The results 
are presented in Fig. 7. Normalization of hydroly- 
sis rates was carried out at log R = 0 with data 
collected from four experiments. At variance with 
the results of Fig. 5, the amount of active ATPase 
appeared to follow the same law whether the 
external pH was 8.0 or 8.5. The rate ratios calcu- 
lated at log R = 0 (see Fig. 7c) were found to be 
constant over all the ApH range investigated. The 
mean value of 1.35 is not really different from that 
found with the natural substrate ATP in the high 
ApH range. 

If the activation processes of reduced NTP 
hydrolases are in fact, as well as those of oxidized 
NTP synthases, only dependent on ApH regard- 
less of external pH, one may assume that the 
results of Fig. 5 have been affected by (1) the 
disruptive effect of nucleotide binding, or (2) an 
incomplete delocalization of the ApH. 

ATP hydrolysis rates as a function of ApH and 
external pH with hexylamine 

To discriminate between these two hypothesis, 
an experiment as in Fig. 5 was carried out in the 
presence of 200 ~tM hexylamine. The result, pre- 
sented in Fig. 8, shows that in this case the ATP 
hydrolase activation seems indeed to depend only 
on A pH, as in Fig. 7. Thus, the apparent depen- 
dence on external pH observed in the absence of 

hexylamine was probably related to local proton 
gradients which could affect the apparent relation- 
ships between forces and fluxes. 

Discussion 

Complexity of the deactivation processes of thiol- 
modified A TP hydrolases 

To study the primary mechanisms of ATP hy- 
drolase activation by ApH, one is confronted by 
the complexity of the deactivation processes oc- 
curring under deenergized conditions. In fact, it is 
possible to discriminate between several types of 
deactivation as a result of the work presented 
here. 

The first deactivation process is rapid (less than 
our resolution time) and accounts for the increas- 
ing disappearance of active enzymes upon the 
addition of increasing ADP concentrations to the 
external medium. In view of the limited inhibition, 
even at high levels of added ADP (Fig. 6a), it 
seems that only a fraction of the ATPases is 
available for this type of deactivation. Further- 
more, given the variation of the K i with deenergi- 
zation of the system, the existence of several ATP 
hydrolase active states is suggested in accordance 
with Schumann and Strotmann [3] and with B. 
Huchzermeyer (personal communication) on re- 
duced ATPases and with Strotmann et al. on 
oxidized ATPases [51,52]. 

The second deactivation mechanism occurs 
more slowly. Kinetic constants can be calculated 
when hydrolysis rates are measured as in Fig. 1. In 
the absence of added ADP, these constants vary 
from 0.023 to 0.069 s -~ depending on thylakoid 
preparation. Moreover, they were found to in- 
crease with NTPase activity when the light inten- 
sity was varied, as shown in Fig. lc. 

In this second type of deactivation, newly 
synthesized ADP plays only a minor role, since 
the kinetic constants are not very sensitive to ADP 
addition in the 2-100 rtM range (data not shown). 
Moreover, even when product inhibition is mini- 
mized (GTP hydrolysis with 50 ~tM GDP, data 
not shown), the kinetic constants continue to in- 
crease with initial activities as in Fig. lc. This 
probably reflects substrate exhaustion at high re- 
action rates, rather than an accelerated decay of 



active states. Unfortunately, concentrations higher 
than 500 ttM ATP or 1000 ~tM GTP, which would 
be saturating, cannot be used because they lead to 
important artifactual pH shifts upon injection. 

A third type o f  deactivation process which is 
even slower, has been measured in the absence of 
newly synthesized or added nucleotides, by initiat- 
ing the hydrolysis reaction by ATP injection, at 
variable dark times after uncoupling. The 'slow 
deactivation constants' calculated from the de- 
crease in initial rate as a function of deenergiza- 
tion time are very scattered (not shown) ranging 
from 0.003 s -  1 to 0.03 s -  1, depending on thylakoid 
preparation. Since this third type of deactivation 
takes place without added nucleotides during the 
dark-deactivation stage, it probably corresponds 
to the second type of deactivation process which 
has been slowed down by the absence of added 
ADP. With our experimental conditions, assuming 
a chlorophyll/CF1 ratio of 860 [56] and 1 ADP 
per CF 1 [57], the concentration of endogenous 
ADP released during light reactivation would be 
approx. 35 nM. This is an overestimation, since 
ADP release during the thiol modulation and 
washing procedures is neglected. 

If the ADP effect on the slow deactivation 
constants occurs for very low concentrations, the 
observed dispersion of these slow constants (type-3 
deactivation), could be due to the variable con- 
centration of endogenous nucleotides. The ADP 
content of ATP solutions, estimated by HPLC, 
was less than 0.5%. This means that when 
deactivation is measured under hydrolysing condi- 
tions (type 2), ADP was initially less than 2.5 ~tM 
in the cuvette. This low concentration may be, 
however, sufficient to reach the maximum rate of 
deactivation. This would explain the lack of any 
significant effect of added or newly synthesized 
ADP on the slow ATPase deactivation measured 
as in Fig. lc. 

In any case, even if the complex pattern of 
ADP-induced deactivation suggests a multiplicity 
of active states, the presence of a slow step, which 
prevents a fast equilibrium between all forms, is 
sufficient to justify the use of long reactivation 
times, especially for low activities. This should be 
considered when using the pH jump method, which 
appears to be the best way to carry out quantita- 
tive studies [49], apart from the constraint of short 
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reactivation times which could lead to an under- 
estimation of the reaction rates for small ApH's. 

Nucleotide binding: disruptive effects 
When ATP hydrolysis is measured after uncou- 

pling by nigericin and light extinction, an inhibi- 
tion occurs within a very short time after ADP 
addition. This is still observed whatever the dark 
deactivation time (0 to 10 s) before the injection of 
the ATP + ADP mixtures. On the other hand, 
when the enzyme deactivates for 10 s in the ab- 
sence of both exogenous nucleotides and ApH, 
the affinity for the inhibition site increases when 
compared to the affinity found when ADP is 
added concomitantly with uncoupling. This sug- 
gests that one of the effects of the ApH is to 
convert the ADP-exchangeable site from a high- 
affinity to a low-affinity site. This dark time of 10 
s is generally used in nucleotide binding studies 
before addition of NTP or NDP, but in these 
cases deactivation takes place in the absence of 
uncoupler [3,51,53]. 

Furthermore, one may assume that ATP .in- 
jected at the time of uncoupling, without avoiding 
the inactivation process resulting from the disap- 
pearance of the ApH, prevents this affinity change. 
Indeed, under ATP hydrolysis conditions, for a 
given concentration of ADP, we have noticed that 
the instantaneous activity remaining after 10 s of 
deactivation is much more important than that 
measured at t = 0 upon ADP + ATP addition, 10 
s after uncoupling. 

These results should be discussed within the 
framework of complex nucleotide binding studies. 
In particular, the immediate inhibitory effect of 
ADP added in the assay medium would justify the 
use of the 'quenching technique' developed by 
Strotmann et al. to measure tightly bound ADP 
on oxidized ATPases [51]. This method is based 
on chasing the radioactivity-labelled nucleotides 
bound on the loose sites by cold ADP before their 
conversion into non-exchangeable ones. However, 
the fast binding of external ADP required by this 
type of method questions the estimation of the 
kinetic constants reported in this paper [51], which 
support the idea that the conversion of the loose 
complex to tightly bound ADP is very fast when 
compared to the limiting step of ADP binding on 
the loose site. 
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Our results could be compared with the more 
recent work of Strotmann et al. [58], who have 
shown a rapid inhibition of ATPase activity by 
ADP addition. However, they measured hydroly- 
sis rates in the presence of an ATP-induced ApH, 
due to the absence of uncoupler. Especially, in one 
case, the inhibition effect should be considered to 
be only qualitative, since the maximal turnover 
rates (representative of the amount of active en- 
zyme), cannot be obtained in the absence of un- 
coupler. Apart from this last remark, the results of 
Strotmann's group, which show that the K i mea- 
sured in coupled conditions is higher than the one 
estimated after deenergization by nigericin, would 
be in accordance with our work which suggests 
that one of the roles of the ApH is to convert the 
high-affinity site to a low affinity one. 

Finally, a protection by ATP (also reported by 
B. Huchzermeyer, personal communication) has 
already been studied [3], since ATP added before 
ADP reduced the apparent affinity of the inhibi- 
tor site for ADP. However, as an uncoupler was 
not. present in the assay medium, one cannot 
discriminate between the effect of ATP itself and 
that of an ATP-maintained ApH; for the same 
reason, quantitative determinations of K i are also 
questionable in this work. 

Moreover, it is suggested here that GDP is a 
better inhibitor than previously reported [38], in- 
asmuch as those experiments were performed in 
coupled conditions which minimizes the dif- 
ferences between the measured activities due to 
the ApH back-pressure effect. 

A pH-actioation process 
Finally, keeping in mind the disruptive effect of 

nucleotide binding, and especially the problems 
linked to local proton gradients which can lead to 
a misinterpretation of flow-force curves, our re- 
sults (Figs. 7 and 8) suggest a strict dependence of 
the activation processes towards ApH regardless 
of external pH. Furthermore, since in Fig. 7 the 
residual activity measured in the presence of 50 
~tM GDP did not depend on the external pH, the 
kinetic constants or equilibrium linked to the GDP 
binding/release are also assumed to be indepen- 
dent of external pH. 

The primary processes of A/2H ÷ activation were 
proposed to involve protonation and deprotona- 

tion of some buffering groups of the enzyme 
located in the high- and low-potential compart- 
ments, respectively. Although the structural basis 
of the switching device is unknown, it is usually 
thought to consist of a given number of identical 
couples of two monoprotic functions sensitive to 
internal and external pH [11,28,29]. 

Some authors assume that activation only re- 
quires the protonation of internal groups [29], 
while others consider the enzyme to be active [11] 
or convertible to the active form [28] only when all 
of the couples are internally protonated and exter- 
nally deprotonated. One of the disputed points of 
the latter case deals with the concerted character 
of the acid-base events for each unit of the switch- 
ing device, i.e., does the protonation of the high- 
potential pole necessarily imply the deprotonation 
of the low-potential pole? In the case of strictly 
coupled acid-base reactions, the amount of active 
ATPase is expected to be only dependent on the 
absolute value of the ApH, regardless of the inter- 
nal and external pH [11,28]. 

Among the authors who state that the enzyme 
activation implies both internal and external pro- 
tonation, Mills and Mitchell have developed a 
quantitative model [28] to calculate the fraction of 
active ATPases as a function of ApH, internal and 
external pH, and especially the p K ' s  of the mono- 
protic groups that make up the units of the 
'switching device'. The simplified version which 
considers only active and inactive conformations 
can explain within each unit the control exerted 
by the protonation state of a given pole on the pK 
of the opposite group. The formula used can be 
expressed by: 

1--=(p.IOPH'-PK~+K.IOPK~-'PH'+K.IO-aPH+I)" (6) 
o/ 

where a is the fraction of active ATPases; n, the 
number of units constituting the switching device; 
pH and pK have their usual significance. Sub- 
scripts i and e refer to internal and external sides, 
respectively. Superscripts 1 and 0 for pK of one 
group indicate whether the opposite group is pro- 
tonated (1) or unprotonated (0). 

p = 10 px~ -PK°= 10 pK~ -PK° and K = 10 pK~ -pK~ = 1 0 P K ° -  pK, °. 

To account for a strict ApH dependence of the 
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active states, the first two additive terms of Eqn. 6 
must be negligible. (For more details, see Ref. 28.) 
By theoretically varying the parameters p, K and 
pK to a large degree, we have noticed that an 
external pH independence may occur only for 
p < 10 -6, i.e., if the protonation of one group 
decreases the pK of the opposite one by at least 6 
pH units. Application of simple Coulombic laws 
shows that electrostatic effects could lead to such 
a change only if the two acid-base functions, 
exchanging protons with opposite compartments, 
are at the maximum 2 nm apart (assuming a 
dielectric constant of 2 for the membrane [59]). 
This distance is rather small given the membrane 
thickness. Therefore, the internal group could be 
located at the far end of the CF 0 in the vicinity of 
the coupling factor CF 1, so that it senses both the 
internal pH and the electrostatic effects due to the 
protonation state of the opposite one. Although 
this first hypothesis cannot be ruled out, another 
way to explain the independence of the ApH- 
activation towards external pH, would be to sup- 
pose a conversion of ApH into Axp across the 
coupling factor. In this case no external pH effects 
are expected, since the primary mechanisms would 
only correspond to the reorientation of dipoles in 
an electric field as proposed [10]. 

Whatever the precise nature of these mecha- 
nisms, we propose that, as for oxidized ATP syn- 
thases [30], the activation of thiol-reduced ATP 
hydrolases depends only on the size of the A/2H~. 
In contrast with the known difference of ApH 
requirement in activation of oxidized and reduced 
ATPases (i.e., lower ApH values for the latter), it 
is not yet known whether the catalytic properties 
of ATP hydrolases are modified by the thiol treat- 
ment. For ATP synthases at least, previous results 
strongly suggest that both redox forms catalyse 
phosphorylation at the same rate [40]. Similarly, 
among the thiol-reduced hydrolases, it would be 
interesting to know if the different active states, 
discriminated by their deactivation behaviours, 
have different catalytic properties. 
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